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ABSTRACT

A Fluorescence-Based Coupled Enzyme Cascade Assay in the Investigation of Old Yellow
Enzymes for Biopolymer Production

Jacob Sicheri

Plastics are a useful and necessary material in the modern world. However, the methods of
extraction and the finite nature of petroleum necessitates divesting from traditional petroleum-derived
plastics. One avenue being pursued is sustainably sourced plastics; namely plastics made from a
biorenewable starting source. Enzyme catalysis and Old Yellow Enzymes (OYEs) in particular are of note
in pursuing the generation of plastics from biorenewable sources. Engineering OYEs in pursuit of
expanded substrate scope, improved efficiency, and other traits is growing increasingly popular and tools
towards this aim remain valuable. In this work, I characterized, optimized, and utilized a novel
fluorescence-based enzyme cascade in the investigation of nine candidate OYEs and their activities on
four biorenewable plastic precursors. This enzyme cascade couples the redox activity of OYEs to the
release of 4-methylumbelliferone, a fluorophore with a fluorescence intensity maximum at 445 nm. First
the cascade was verified using Malate Dehydrogenase. This was followed by the optimization of the
enzymatic cascade through the mutation of supporting enzyme GapA to utilize NADPH instead of its
native NADH and the adjustment of NADPH concentrations to limit off-target fluorescence. Once
optimized, the assay was utilized in a screen of nine OYEs with four biorenewable plastic precursors. Hits
from the screen were investigated and the assay itself was investigated in the pursuit of enzymatic
characterization. With a successful use-case demonstrated for this robust fluorescence-based activity
assay, | was successfully able to add a tool to the development of OYEs towards generating sustainable

plastics.
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Chapter 1 - Introduction

Traditional chemical synthesis of plastics and fabrics hinges on unsustainable practices
stemming from the use of petrochemical materials to derive the vast majority of plastics we use
today. Plastic use is ubiquitous within the modern world. As of 2019, plastic production reached
the scale of 368 million metric tons [1] and that amount is predicted to double within the next two
decades [2]. Most plastics used are synthetically-derived and their feedstocks consist of the direct
resources or by-products of oil, natural gas, and coal extraction [3]. The extraction of petroleum
has been significantly documented as being directly linked to human-driven environmental
damage [4]. En-masse petroleum extraction has driven losses in biodiversity [5], has impacted
human health in areas surrounding extraction sites [6], and is contributing to an increase in human
activity-driven earthquakes [7]. The way plastics are made cannot coexist with sustainability goals
set by many governments and the United Nations [8]. With petroleum extraction being a necessity
for the production of the vast majority of plastics, the impacts to human health, animal welfare,
and the environment beyond are intrinsically linked to the utilization of plastics. Beyond the
impacts of extraction on health and the environment, petroleum remains a finite resource. While
plastics will remain useful, petroleum reserves will eventually diminish, highlighting a need to
divest from petroleum-derived plastics. With these issues in mind, two schools of thought exist.
One: divest away from single-use plastic use to more reusable packaging, fabrics, and
consumables. Or two: replace the utilization of fossil fuels with a more sustainable alternative for
plastic generation. In reality, both ideas will likely be necessary to achieve a more sustainable
future for plastics. This is because not everything made from plastics currently can be replaced
with a more reusable alternative. For example, since their inception in the 1960s, plastics have
become ubiquitous in the medical field, particularly with medical devices. For the medical field to
divest from single-use, sterilized plastic devices would require an immense shift in medicine that
is unlikely to happen overnight [9]. Nonetheless, a clear need exists to diverge from traditional

chemical synthesis derived from petrochemicals, in plastics and beyond.

1.1 Green Chemistry and Biocatalysis
With the ongoing paradigm shift towards a cleaner, more sustainable future, enzyme

catalysis and green chemistry provide a potential opportunity to usher in sustainable alternatives.
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Green chemistry and the role enzymes play in that field has been well established since the 1990s
when the term “green chemistry” was coined [10]. Green chemistry as an idea was initially
proposed by Paul Anastas and John Warner in 1998 [11] and the idea revolves around the
minimization of the environmental impact of chemistry. Anastas and Warner outlined twelve
principles of green chemistry to these ends which have guided the development of the field. In
2003, Gonzalez and Smith added an additional twelve principles which further enhanced the
originals. With these 24 guiding principles in mind, green chemistry has evolved to be at the
foundation of much of the ongoing discovery of environmentally benign chemistry. As noted by
Leitner et al [12], many developments within the field have been made towards nondepleting,
nontoxic, and nonpersistent chemicals. For nondepleting, much work has been done towards
utilizing renewable feedstocks like lignocellulose [13] or reusing existing waste [14] [15] as
starting materials for chemical reactions. For nontoxic chemistry, ongoing efforts focus on finding
alternatives to existing toxic solvents [16] and catalysts [17]. Finally, nonpersistence focuses on
the ability of chemicals to remain only for a short period of time in the environment before
breaking down to non-toxic degradation products. Plastics in particular are a focus for this segment
of green chemistry as plastics are increasingly found in organisms from crabs to seabirds to fish
[18] [19] as microplastics. Microplastics are also increasingly found in humans and may have
significant impacts on human health [20]. To this end, green chemistry seeks to identify plastics
that are biodegradable and have low environmental impact. In 2017, Zhu et al. [21] investigated
the addition of isosorbide diester to poly(vinyl chloride) (PVC) blends to replace petrochemical-
derived phthalates. Isosorbide diesters are readily biodegradable and non-toxic, rendering this PVC
blend much more in line with green chemistry principles. In another example, Guindani et al. [22]
investigated a caprolactone and globalide copolymer (poly globalide-co-epsilon-caprolactone
poly(epsilon-caprolactone)) (PGICL) with additional post-polymerization N-acetylcysteine
modification for hydrolytic, enzymatic, and microbial action. They found that this modified PGICL
was much more readily degraded in all conditions including biodegradation by microbial solution.
While unmodified PGICL is already used as a biodegradable polyester in biomedical [23]
applications, the existing long degradation time was a downside that seems to have been improved
by the modification that Guindani and team have introduced.

Progress in green chemistry has not been solely limited to improving traditional chemistry.
Biochemistry has increasingly been investigated as an avenue for green chemistry development.

2



Enzymes are recognized as being a source of opportunity for green chemistry due to the nature of

enzymatic reactions occurring in mild conditions with little need for extreme pressure, heat, or

addition of toxic catalysts or cofactors. In fact, biocatalysis readily satisfies 11 of 12 of the green

chemistry principles established at the advent of the field [24] (Table 1).

Table 1: Satisfaction of green chemistry principles by enzyme catalysis (Adapted from

Cipolatti et al [24]).

Green Chemistry Principles

Enzymatic Biocatalysis Principles

Waste Prevention Instead of Remediation

Minimization of by-products avoids waste

generation

Atom Economy

High selectivity and efficiency

Use of less hazardous and toxic chemicals

Enzymes perform catalysis in mild conditions

Safer products by design

Enzyme catalysis mostly generates non-toxic

products

Innocuous solvents and auxiliaries

Enzymes perform catalysis in mild conditions

Energy efficiency by design

Enzyme catalysis takes little energy for

catalysis (mild temperatures and pressure)

Preferred use of renewable raw materials

Enzymes are renewable through recombinant

expression

Shorter syntheses (reduce derivatives)

High activity, specificity, and conversion

yields

Catalytic rather than stoichiometric

reagents

Enzymes are catalysts by nature

Design products to undergo degradation in

the environment

Enzymes are biodegradable

Analytical methodologies for pollution

prevention

Beyond the scope of enzyme catalysis alone

Inherently safer processes

Enzymes perform catalysis in mild conditions

Biocatalysis has grown to fill a wide range of niches and support existing reactions within

green chemistry from biofuel generation [25] of pharmaceuticals [26]. Of particular interest to this

3



project are enzymatically-derived plastics and fabrics.

1.2 Bioplastics and Enzyme Catalysis

Much research has been devoted to the investigation of enzymes for plastic degradation,
particularly in the area of polyethylene terephthalate (PET) breakdown through a wide variety of
enzymes catalyzing PET hydrolysis [27] [28] [29]. However, enzymes can provide value to the
generation of plastics as well through direct enzymatic catalysis and whole organism
biotransformations. As stated above, current petrochemical derived plastics pose a significant issue
in their starting feedstocks. To supplant these feedstocks, many groups are investigating instead
the use of renewable feedstocks to generate plastics. Bioplastics are a subset of plastics that are
made from renewable feedstocks and are often (but not required to be) biodegradable. In 2020, the
bioplastic market reached $10 billion USD and is continuing to expand [30]. Current bioplastics
are made from a wide variety of sources. Poly(lactic acid) (PLA) polymers are among the most
popular bioplastics with the largest consumption volume of any bioplastic [31]. The vast majority
of lactic acid (LA) used for polymerization is from a renewable feedstock via microbial
fermentation by a Lactobacillus species [32]. While in previous years simple carbohydrates were
used as a feedstock for this fermentation, progress is ongoing to use more sustainable
carbohydrates such as waste whey [33] and lignocellulose [34] [35]. While PLAs are the most
abundant bioplastic, they also suffer from drawbacks that make them inferior to petrochemical
derived plastics. One of the major downsides of PLA (common to all bioplastic) is cost. Current
manufacturing of PLA still does not compete with conventional plastics production [36]. Costs for
the manufacturing of PLA are estimated by [36] at $US 2.71/kg PLA which is almost double the
average price of comparable thermoplastic polystyrene ($US 1.6/kg) [37]. However ongoing
efforts to utilize waste inputs along with ongoing titer increases [38] and strain optimization [39]
is predicted to reduce costs lower and lower. The role of enzymatic catalysis should not be
understated in the production of PLAs and efforts have been ongoing to investigate new enzymes
[40] or improve existing enzymes [41] for the production of PLAs.

Not limited to PLA production, biocatalysis has been explored in the production of a
variety of different bioplastics. Polyhydroxyalkanoates (PHAs) or polyhydroxybutyrates (PHBs)
have been explored as a bioplastic due to their biodegradability, biocompatibility, and ability to be
produced from renewable feedstocks [42] [43] [44]. However, like PLAs above, PHAs and PHBs

4



also suffer from increased manufacturing costs in comparison to petroleum-derived plastics. PHAs
have a higher price range ($US 5-12/kg) than comparable polypropylenes ($US 1.40/kg) [45] [46].
PHBs are produced by fermentation, similarly to PLAs, and the enzymes driving this production
have been studied and have been the subject to improvement from many groups. Hori et al. [45]
have recently done work to improve the production of poly[(R)-2-hydroxybutyrate] through the
engineering of the PHA synthase PhaClps. Site-directed saturation mutagenesis was used to evolve
PhaClps towards improving titers of poly[(R)-2-hydroxybutyrate] (P(2HB)) through production in
recombinant E. coli. After directed evolution, the group identified PhaClps S325T/S477R/Q481G
as being the best protein for P(2HB) production. Through protein modeling, they speculate that
this is in part due to the 477R and 481G mutations being positioned where the product exits the
active site after catalysis. They theorize that the resulting amino acids may be interacting with the
polymer chain. In a similar vein, Normi et al. [47], showed improved poly(3-hydroxybutyrate)
synthesis via the G4D substitution in Ralstonia eutropha type 1 polyhydroxyalkanoate synthase
(PhaCre). This group used in vitro evolution by suppression-type mutagenesis that was first
pioneered a year earlier by the same group [49] that utilizes an initial “suppressed” mutant of
PhaCre with decreased activity as a starting point to then generate a secondary mutant that has
activity gain beyond the wild-type. This is necessary for polyhydroxyalkanoate synthases due to
the nature of expression in vivo. When synthesized in cells, PHB accumulates within the cell and
can make up to 80% of E. coli cytoplasm content under optimal conditions. With such a high
accumulation, improvements from this starting point are difficult to identify in vivo. From the
initial mutant scaffold (coined “E11” PhaCgre with a S80OP mutation), error-prone PCR was
performed and the mutant E11-4 was identified and further characterization showed three amino
acid changes that conferred 2-fold higher PHB levels compared to E11: G4D, N208D, and F396L.
Further investigation revealed that the G4D mutation was responsible for the higher accumulation
of G4D. Both of these enzyme improvement efforts underscore the importance of enzymes and

their improvement in the synthesis of bioplastics.

The generation of synthetic fibers for fabrics has also been the subject of bioplastic
development. Adipic acid is one of the most important synthetic fiber precursors as it is used in
the production of nylon-6,6 [50]. As one of the most abundant synthetic fibers in the world, nylon
is traditionally synthesized from adipic acid that has been derived from petrochemically-derived
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benzene. As materials generated from adipic acid are common, the production of adipic acid is
ripe for targeting through green chemistry. Many groups have investigated the production of adipic
acid from renewable sources. Through extensive metabolic engineering, Yu et al. [51] were able
to design a pathway for the full biosynthesis of adipic acid in recombinant E. coli by reverse
engineering its degradation pathway, starting from glucose. Taking a step further from a simple
sugar to lignin, Niu et al. [52] reported an engineered Pseudomonas putida strain that utilized
aromatic compounds derived from lignin degradation as input into a designed pathway for the
biosynthesis of adipic acid. The group used a combination of native and recombinantly expressed
enzymes to synthesize adipic acid and this publication was the first to report direct adipic acid
production from lignin depolymerization aromatics.

In terms of enzyme engineering, the biosynthetic pathway towards adipic acid has many
candidates that can be improved. Saez-Jimenez et al. [53] used a variety of different mutagenesis
techniques to engineer a (R)-2-hydroxyglutarate dehydrogenase (Hgdh) towards improved 2-
oxoadipate reduction. The group focused on a bottleneck in the conversion of (S)-lysine to adipic
acid in 2-oxoadipate reduction. The team combined computational analysis and saturation
mutagenesis to generate two variants, V11M and V11K, that displayed increased activity on 2-
oxoadipate. They then went on to utilize error-prone PCR to further enhance Hgdh activity through
A206V/T and A214V/D mutations. In total, the group effectively combined rational engineering
strategies and random mutagenesis to develop a highly improved enzyme for generating adipic
acid. Along with improvement of existing enzymes, work is also ongoing on discovering new
enzymes for the biosynthesis of adipic acid. One of these enzymes was discovered in an enoate
reductase from Clostridium acetobutylicum. Joo et al. [54] showed the conversion of both cis, cis-
and trans,trans-muconic acid to adipic acid by the enoate reductase ER-CA. Previous studies
showed cis,cis-muconic acid can be produced from biosynthetic pathways as demonstrated in
Escherichia coli [55], Saccharomyces cerevisiae [56], and Klebsiella pneumoniae [57] but the
hydrogenation to adipic acid remained a challenge once cis, cis-muconic acid was produced [50].
Enoate reductases and other ene-reductases have been explored as a solution to this and many more

hydrogenation challenges.

1.3 Ene-reductases and Old Yellow Enzymes



1.3.1 History and Characteristics of Old Yellow Enzymes

Ene-reductases perform a simple but exploitable reaction. Members of this enzyme family
catalyze the asymmetric hydrogenation of an electron-poor alkene [58] [59] [60]. This enzyme
family contains a variety of subclasses including enoate reductases and, importantly for this
project, Old Yellow Enzymes (OYEs). First discovered in 1933 [61], the first member of the class
that came to be known as OYE1 was the first example of a flavoprotein. Two years later [62], it
was elucidated that the yellow character of the enzyme was due to flavin mononucleotide (FMN).
OYEs would remain of low interest before the advent of more robust biochemical and molecular
biology tools reinvigorated interest in OYEs. Spearheaded since the 1990s by the Massey group,
more and more OYEs have been discovered across a wide variety of organisms from higher plants,
e.g., Solanum lycopersicum (previously Lycopersicon esculentum) [63], to cyanobacteria, e.g.,
Chroococcidiopsis thermalis [64], to E. coli [65]. As oxidoreductases, OYEs are dependent on a
NADH or NADPH cofactor, depending on the enzyme in question. It is through the action of this
cofactor and the noncovalently-bound FMN that the catalytic mechanism of OYEs takes place
[66]. Common to all OYEs, FMN is nestled within the protein structure and is responsible for the
bi-bi ping pong catalytic mechanism of OYEs in which both the reductive and oxidative substrates
bind within the same active site [67]. The catalytic cycle of OYEs proceeds in two distinct steps:
the reductive half reaction and the oxidative half reaction. As shown in Figure 1, the reductive half
reaction utilizes the NAD(P)H cofactor as an electron donor to reduce FMN to FMNH,. Once

reduced, the FMNH; then donates the electrons to the electron poor alkene resulting in an



asymmetric hydrogenation and the creation of two chiral centres. This hydrogenation proceeds in
a trans addition of the two hydrogens [68].

While this catalytic mechanism remains the same for all OYEs, the function of these
enzymes in any given organism varies and the physiological roles OYEs play were not elucidated
until long after the prototypical enzyme OYE1 was first discovered. The role for OYEI in its native
Saccharomyces pastorianus remains elusive [69] [70], however the roles of other OYEs have been
resolved. YqjM, a “thermophilic-like” OYE from Bacillus subtilis has been shown to be involved
in the oxidative stress response as it is induced in the presence of hydrogen peroxide [71].
Similarly, OYE2 and OYE3 from S. cerevisiae have been shown to be involved in the mitigation
of reactive oxygen species [72]. Counterintuitively, OYE2 plays a role in both the inhibition and
induction of programmed cell death in S. cerevisiae. Forming a homodimer of two OYE2 subunits
shows an inhibitory effect to programmed cell death while forming a heterodimer with OYE3
enhances cell death and sensitizes cells to oxidative damage. OYE2 has also been implicated in S.
cerevisiae resistance to acrolein, a toxic by-product of lipid peroxidation [73]. Beyond stress
responses, OYEs have also been implicated in carbon and nitrogen use. Pentaerythritol tetranitrate
reductase (PETNR) has been shown to be involved in nitrogen utilization by Enterobacter cloacae.
E. cloacae was able to utilize pentaerythritol tetranitrate as a sole nitrogen source and part of this
utilization is due to PETNR [74] [75] [76]. Morphinone reductase (MR) is directly involved in the
biosynthesis of hydromorphone and hydrocodone from morphinone and codeinone, respectively.
This mechanism is used by Pseudomonas putida to degrade morphine and codeine and utilize
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morphine and/or codeine as a primary carbon source [77] [78] [79]. Finally, OYEs have also been
shown to be important in many plants for the production of jasmonic acid, a wound response
hormone necessary for regulating defense against herbivores and infections [80] [81]. OPR3 from
the aforementioned S. /ycopersicum has been shown to reduce 12-oxophytodienoic acid in the
pathway towards jasmonic acid. Taken together, OYEs have a wide variety of physiological
functions and substrates in their native organisms, all being reduced through a shared mechanism
across the family.

The OYE family is currently divided into three classes based on phylogenetic analysis.
Class I contains the “classical” OYEs from plants and bacteria, class II contains the “classical”
OYEs from fungi alone, and class III contains the “thermophilic-like” OYEs [83]. Evolutionarily,
class III is much more distinct from class I and II which are more similar to each other. Indeed,
before reclassification by Scholtissek et al. [83], there was no distinction between class I and 11
and OYEs were separated into the “classical” and “thermophilic-like” OYEs [84]. The exemplar
of class III is YqjM, which was unique among OYEs at the time of its discovery due to its
quaternary structure as a dimer of active dimers (forming a tetrameric structure) and an “arginine
finger” that extends from one monomer into the substrate binding site of its partner [71] [85]. This
arginine finger is conserved amongst almost all of the class III OYEs and is the major feature that
makes class III OYEs distinct within the family [86] [87] [88]. Arginine fingers are not unique to
OYEs and have been shown in GTPases [89] and ATPases [90]. In class III OYEs, the arginine
finger 1s thought to be directly involved with substrate recognition as the arginine residue directly

interacts with and helps position the substrate in the active site [85].

1.3.2 Old Yellow Enzymes as Industrial Biocatalysts

In efforts to move away from the use of precious metal catalysts to perform trans-
hydrogenation reactions, ene-reductases and OYEs have been investigated in a variety of
biotechnological applications through the lens of green chemistry. As stated above, enzymes
provide an avenue to perform these hydrogenations in a more sustainable manner. In the case of
OYEs, their large substrate range within the family and their substrate promiscuity in individual
enzymes make them an attractive target for industrial biocatalysis [60] [68] [75] [84]. Due to their
broad substrate range, OYEs have seen extensive investigation in making chiral building blocks
towards valuable products [91]. In pharmaceuticals, a variety of OYEs have been used to generate
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(R)-profen derivatives, such as (R)-flurbiprofen, which have promise as therapeutics for
Alzheimer’s disease [92] [93]. OYE1L, OYE2, and OYE3 have been shown to generate highly
enantiomerically-pure methyl (S)-2-bromobutanoate, an intermediate in the synthesis of drugs to
treat non-insulin-dependent type-2 diabetes [94]. Casting a wide net, Stueckler et al. [95] showed
the biosynthesis of (R)-3-hydroxy-2-methylpropanoate (‘Roche Ester’) via a variety of OYEs
including OYE1/2/3, YqjM, and OPRI1. Roche ester and its derivatives are valuable in the
synthesis of a number of different compounds including the antibiotics calcimycin [96] and
rapamycin [97].

Beyond pharmaceuticals, the chiral building blocks OYEs produce are valuable in a wide
variety of other industries. In the fragrance industry, the chirality of compounds is paramount as
stereochemical configuration has a large effect on a fragrance’s perceived smell [98]. With their
robust stereoselectivity, enzymes are valuable to the fragrance industry as catalysts, with OYEs
being no exception. Brenna ef al. (2015) used OYE2 in an enzymatic cascade towards the fragrance
molecule 3-methyl-4-pentanolide [99]. NemR-PS, an OYE from Providencia stuartii, was
engineered to reduce a racemic mixture of neral and geranial to (S)-citronellal for the production
of (S)-citronellol, a raw material important for the selective synthesis of (-)-cis-rose oxide [100].
This isomer of rose oxide is the most valuable and is prized for high-end perfumes [101]. Even
beyond fragrances, OYEs have been shown in the biosynthesis towards biofuels via YqjM [102],
insect pest control pheromones via OYE2.6 [103], and the biobased solvent

dihydrolevoglucosenone (Cyrene) via OYE2.6 [104].

10



While OYEs can add value and reduce reliance on unsustainable traditional chemistry in
many applications, important to this work is the biosynthesis of bioplastics via OYEs and other
ene-reductases. Of note are four biosynthesis pathways towards bioplastics that ene-reductases
play a role, shown in Figure 2.

[Mlustrated in Figure 2A, Zhang et al. (2016) showed the biosynthesis of (-)-B-methyl-o-
valerolactone ((-)MVL) via OYE2 [105]. First a biosynthetic pathway towards mevalonate was
established in E. coli using glucose as a starting material. Once produced, mevalonate was then
converted to anhydromevalonolactone (AMVL) via acid-catalyzed dehydration. AMVL was then
hydrogenated to (-)MVL by an OYE2-catalyzed reduction, yielding optically pure material. o-
lactones have garnered interest as biodegradable polyesters. The pathway described by this group
also renders these bioplastics biorenewable and fully enzymatically-derived, other than the acid

dehydration [106] [107] [108]. Indeed, the group was able to polymerize the enzymatically-derived
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(-)MVL into an isotactic, amorphous polyester. The fermentation of the (-)MVL monomers took
upwards of 72 hours to generate 0.8 g/L and converted 69% of the given AMVL, highlighting the
need for a faster, more efficient enzyme to achieve higher and quicker conversion of AMVL.

Figure 2B depicts part of an enzymatic cascade designed by Oberleitner et al. [109] towards
the production of lactone monomers for polyester synthesis. The group investigated the reduction
of a panel of substrates including three carvones. Starting from carveol, the group was interested
in investigating the production of dihydrocarvides which, like (-)MVL above, can be polymerized
for biorenewable polyesters [110]. The group utilized the OYEs OYE1 and XenB for the reduction
of the substrates, ultimately moving forward with XenB for a functional demonstration of their
enzymatic cascade in the utilization of limonene from orange peel [111]. In 2016, the group
demonstrated their enzymatic cascade in the production of carvolactone, another monomer for
polyester synthesis [110]. Staying true to the principles of green chemistry, this was done using
orange peel waste and highlights the use of OYEs in the production of biopolymers. However, this
functional demonstration only produced 6.5 mg carvolactone/g orange peel (0.65% conversion)
highlighting the necessity of improving titers. In comparison, 1,3-propanediol, an increasingly
popular polyester, can be generated from petroleum-derived ethylene oxide at a 90% yield.
Without improvements in titers, even small-market petroleum-derived polyesters are able to
outcompete renewable alternatives [112].

Figure 2C outlines the hydrogenation of cis,cis-muconic acid to adipic acid which can be
used for the synthesis of nylon, as stated in Chapter 1.2. Similarly to Joo et al. [54], Sun et al.
[113] utilized the oxygen-sensitive enoate reductase ER-CA from Clostridium acetobutylicum for
the reduction of cis,cis-muconic acid. However, as an enoate reductase and not an OYE, the
mechanism of reduction relies on FMN, FAD, and a 4Fe-4S cluster within the protein rather than
FMN alone [114]. The presence of this iron-sulfur cluster renders the enzyme sensitive to oxygen
such that it performs at its best in an anaerobic environment. /n vitro this can be rectified by
purging the solution of oxygen but to generate industrial titers of adipic acid, often in vivo methods
are preferred, and oxygen tolerance is favourable in those methods, both for the organisms as well
as for the enzymes performing the biosynthesis. To alleviate this, Sun et al. utilized a microaerobic
environment for the production of adipic acid in E. coli using ER-CA.

ER-CA was also used for the reduction of 4-aminocinnamic acid (4-ACA) to 4-
aminohydrocinnamic acid as suggested in Figure 2D. Kawasaki et al. [115] investigated this
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reduction towards the polymerization of 4-aminohydrocinnamic acid (4-AHCA) which has been
demonstrated as a robust bioplastic through polymerization to polyamides and polyimides [116]
[117]. These biobased polymers have been shown to have strong thermo-mechanical performance
and high chemical stability [118]. The team [115] developed a biocatalytic pathway in E. coli for
the generation of 4-AHCA from glucose, making these polyamides and polyimides biorenewable
and compatible with green chemistry principles. However, the titers of bioplastics produced from
this group and indeed the other groups described in this chapter do not compete with the scale of

petrochemically-derived plastics.

1.4 Protein Engineering and OYEs

To act as a suitable replacement to petrochemically-derived plastics, bioplastics must be as
robust as traditional polymers but also cost efficient to produce. One area of focus towards
improving cost efficiency is in efforts to increase the amounts of bioplastic precursors that can be
produced by fermentation and enzymatic catalysis. One way to improve enzyme catalysis is by
protein engineering. Protein engineering has long been a method for the improvement of protein
function [119]. Initially limited to rational design of well-characterized proteins [120], the field
has evolved to incorporate diversity via random mutagenesis [121] and, most recently, the use of
computational modeling and prediction to aid towards a given function [122]. OYEs are no
stranger to engineering approaches involving each of these strategies to varying degrees [69]. In a
rational engineering approach, Walton et al. [123] selected OYEI for the stereoselective reduction
of three Baylis-Hillman adducts. Baylis-Hillman adducts are the result of Baylis-Hillman reactions
which are three-component reactions between an activated alkene and an electrophilic sp? carbon
in the presence of a catalyst [124]. Forming a wide variety of functionalized molecules, Baylis-
Hillman reactions and their adducts are a useful synthetic chemistry technique in the generation of
starting material for biologically active molecules [124]. While previous studies had led them to
the conclusion that OYE2.6 was already appropriate for the conversion of these adducts to their
desired enantiomer, they also investigated full saturation mutagenesis of OYE1 at Trp116. Trp116
was selected in an earlier study attempting to open up the active site of OYE1 to accept bulkier
substrates [125]. This was hypothesized due to Trp116’s close proximity to the B-substituents of
multiple 2-cyclohexenone substrates. Thinking rationally, the group anticipated that replacing
Trp116 with a smaller residue would allow larger substrates to access the active site. This was not
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the case and changing Trpl116 instead altered the stereoselectivity of OYE1 depending on the
residue used to replace tryptophan. While not in line with their original hypothesis, this work
represents a fully rational approach to improving OYEI, taking advantage of existing crystal
structures and a robust characterization of the first discovered OYE.

Building on this work, Nett et al. [126] investigated switching the stereoselectivity of a
large panel of OYEs using three substrates. Through sequence alignment, the team identified
residues analogous to Trpl16 in OYE1 and Cys26/11e69 in YqjM (identified previously to also
switch stereospecificity in YqjM [127]) within their panel of OYEs. They hypothesized that by
identifying and switching these analogous residues, they could switch the stereospecificity of each
of the OYEs. This was somewhat successful, depending on the enzyme and substrate combination.
Of note, the same mutation did not have the same effect on stereoselectivity between substrates.
While DrER C40D/I81T switched to produce the (R) product of 2-methylcyclohexenone, the same
amino acid substitution did not cause a switch with (S)-carvone. This work and the work of Walton
et al. [123] highlights a limitation of rational design in that the expected and desired outcome of
an amino acid substitution does not always correspond to what effect a mutation would be

predicted to cause.

As an alternative to rational design, random mutagenesis and directed evolution are also
used as means to improve or alter protein function. While rational design takes advantage of the
knowledge and theory of how a protein functions, directed evolution takes a broader approach and
instead relies on the generation of large and diverse libraries of randomly or semi-randomly
mutated genes (and their corresponding proteins) linked to an observable output to select a most
desired mutant out of a “haystack” of neutral or detrimental mutants [128] [129]. Bougioukou et
al. [127] utilized a directed evolution approach in their generation of YqjM C26D/169T, a YqjM
mutant with increased activity on known substrates and increased substrate range. The team
employed a strategy called Iterative Saturation Mutagenesis which is a semi-rational directed
evolution approach that first identifies residues for mutagenesis via structural knowledge and then,
over multiple cycles, mutagenizes those residues to develop a library of combinatorial mutants.
Importantly for this work and any semi-random or fully random mutagenesis strategy, you must
be able to correlate the effect of a mutation on a protein to an observable outcome [130]. For
Bougioukout ef al. (2009) after mutant libraries were made, they relied on biotransformations of a
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compound poorly converted by wildtype YqjM. After a 20 hour incubation, the conversion of
substrate to product was analyzed by automated gas chromatography (GC) and used to correlate
to high performing mutants.

Daugherty et al. [131] also used automated GC to sift through their library of OYE1
mutants generated using circular permutation. Circular permutation does not depend on the
mutagenesis of amino acids but rather rearranges the primary amino acid sequence through
covalent (peptide) linkage to shift the N- and C- termini, which can alter the tertiary and quaternary
structure of proteins to improve catalytic activity and increase substrate scope [132]. Using this
approach, the team identified 70 members of the structurally altered library (cpOYEls) (about
30% of total library size) that had equal or better activity against the common OYE substrate
ketoisophorone compared to wildtype OYEL. Primary library screening was done by first
producing each library member with in vitro transcription and translation (IVTT) in microtiter
plates. After sufficient time, the reaction was stopped and substrate, NADPH, and a NADPH
regeneration system were added to each well and the conversion via each cpOYE1 was measured
via automated GC. After this primary screen and high-performing cpOYE1 variants were
identified, further characterization on additional substrates was performed through automated GC
as before and by spectrophotometry. The quantification of OYE activity via spectrophotometry is
common and is done via measuring the consumption of the NADH or NADPH cofactor at 340 nm.
As the stoichiometry between usage of the cofactor and reduction of the substrate is 1:1, the
decrease in absorbance at 340 nm serves as an indicator of product formation [71] [133] [134].
Compared to GC analysis of products, measurement of NAD(P)H oxidation via spectrophotometry
requires relatively little expertise, costs less in both reagents and equipment, and is potentially
faster depending on the level of automation in both methods. However, GC analysis is more
sensitive and stands to identify smaller increments of improvement in protein engineering that may
be exploited through further design strategies. With these two commonly used assay techniques, a
middle ground that utilizes a high-sensitivity, low-cost, and low barrier to entry would be

beneficial to screening efforts for the engineering of OYEs.

1.5 Fluorescence-Based Screening Techniques
Fluorescence-based assays are widely used in screening efforts towards small molecule
discovery, protein discovery, and aiding in protein engineering. Fluorescent screening techniques
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are valuable due to their high sensitivity and speed and have been successfully used for protein
identification and engineering in the past [135]. Mei et al. [136] utilized the reaction between para-
methoxy-2-amino benzamidoxime (PMA) and 1,2-butanediol to screen for novel alcohol
dehydrogenases (ADHs) and validated their assay’s use in screening for improved variants of a
well-characterized ADH, Thermoanaerobacter brockii SADH (TbSADH). As ketones are
generated by TbSADH, they react with PMA to form the fluorophore dihydroquinazoline, which
can be detected at 520 nm. They successfully used this technique to identify a variant of TbSADH
with 36% increased conversion of 1,2-butanediol as confirmed by GC analysis. Nevolova et al.
[137] took advantage of an intrinsic pH change caused by the action of haloalkane dehalogenases
to develop a high-throughput assay for identifying new dehalogenases. Focused on sensitivity and
reliability, the team utilized the pH decrease caused by dehalogenases to eliminate the fluorescence
of the fluorophore 8-hydroxypyrene-1,3,6-trisulfonic acid (HPTS). This fluorescence drop was
correlated with dehalogenase activity and was verified by GC. While not utilized for protein
engineering, the assay was utilized for the identification of novel dehalogenases with activity on

an environmental pollutant and a chemical warfare agent.

Beyond using intrinsic pH changes or chemical catalysis alone towards a fluorophore,
enzyme-coupled assays have also been utilized for fluorescent-based assays. To investigate
phenylalanine ammonia-lyase (PAL) activity and to develop a method for high-throughput
screening of engineered PAL variants, Moisa ef al. [138] utilized ferulic acid decarboxylase 1
(FDC1) from S. cerevisiae to decarboxylate the product of PAL activity. Once decarboxylated, the
styrene could be added to a tetrazole fluoroprobe via UV light to “activate” the fluorophore and
give a fluorescent signal. Kumagai et al. [139] utilized a more complicated enzymatic cascade to
detect the inhibition of glycosyltransferases. Using NDP kinase, ATP was consumed to
phosphorylate UDP and GDP generated from glycosyltransferase activity, generating ADP. ADP
was then shunted into use by ADP-hexokinase to phosphorylate glucose to glucose-6-phosphate.
G6P dehydrogenase then dehydrogenated glucose-6-phosphate to glucono-1,5-lactone 6-
phosphate. This reaction generated NADPH from NADP" which diaphorase was able to utilize to
convert resazurin to resorufin, a fluorophore with emission at 590 nm. While the assay involves a
complex series of moving parts, the team was able to utilize the assay to screen 1280
pharmacologically active compounds in the inhibition of B4GALTI. They identified 12
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compounds with good inhibitory activity against B4GALT1 and their efficacy was verified via
HPLC, showing the robustness of the enzyme-coupled fluorescence assay. The same team utilized
a variation of the same assay in the high-throughput screening of kinase inhibitors [140]. Inhibitors
of human kinases are valuable as attractive anti-cancer drug targets [141]. To screen for these
inhibitors, ADP generated from kinase activity was again utilized by ADP hexokinase to enable
G6P dehydrogenase to generate NADPH for diaphorase use, generating fluorescent resorufin.
Similarly to the previous study, the team used this enzyme-coupled assay to identify inhibitors for
human kinase CLK1. However, the compound library size was scaled up to include an additional
library of 214 106 compounds. Importantly to note, the screening of this library was done in a
week and the entirety of the detection reagents cost US$ 2500. After the screen, 12 compounds
were identified that significantly inhibited CLK1. The speed, cost, and efficacy of the screen
highlights the robustness of the fluorescence-based enzymatic activity assay. To this end, a
fluorescence-based, enzyme-coupled assay would be valuable to supplement OYE screening and
engineering efforts. This assay could combine the cost-effectiveness and ease-of-use of measuring

oxidation of NAD(P)H and the sensitivity of GC analysis.

1.6 Objectives and Project Outline

In my project we focused on developing, optimizing, and utilizing a fluorescence-based
activity assay for the measurement of OYE activity against the four biopolymer precursors outlined
in section 1.3.2. OYEs represent a promising avenue towards sustainable plastics. However,
current enzymatic pathways lack the efficiency and titers of petrochemically-derived plastics.
These barriers make a switch to sustainable plastics cost-prohibitive and thus better enzymes are
needed to catalyze this paradigm shift. A sensitive, cost-effective fluorescence-based assay for the
identification and improvement of OYEs towards the generation of sustainable plastics may help

alleviate these barriers. With this goal in mind, this project has two main objectives.

1.6.1 Validation and Optimization of Novel Fluorescence-Based Activity Assay
Central to this project is a novel fluorescence-based activity assay developed in the Kwan
Lab. This enzymatic cascade relates the activity of a redox enzyme (in our case, OYEs) to the
release of 4-methylumbelliferone through a cascade of enzymatic reactions (Fig. 3). As the redox
enzyme converts substrate to product, the oxidation of NADH to NAD" (or NADPH to NADP")
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allows the glyceraldehyde-3-phosphate dehydrogenase GapA to convert glyceraldehyde-3-
phosphate to 1,3-biphosphoglycerate. Phosphoglycerate kinase (PgK) then utilizes 1,3-
biphosphoglycerate and adenosine-diphosphate (ADP) to generate 3-phosphoglycerate and
adenosine-triphosphate (ATP). This ATP is then used by the B-glucoside kinase BgIK to add a
phosphate group to 4-methylumbelliferyl b-D-glucopyranoside (4MU-Glc), which contains our
fluorophore of interest. The fluorophore is then cleaved from the phosphorylated sugar by the 6-
phosphoglucoside-specific B-glycosidase, BglA-2. The fluorophore 4-methylumbelliferone (4-
MU) can then be measured with excitation at 372 nm and emission at 445 nm. In totality, this
enzymatic cascade couples the activity of redox enzymes to 4-methylumbelliferone fluorescence
increase.

One of the main goals of this project is to validate and optimize this fluorescence-based
activity assay towards the identification of OYEs for sustainable plastic biosynthesis. To this end,
this work demonstrates validation of the assay through commercial malate dehydrogenase,
characterization of the assay through assessment of Z’ (also Z-factor), and optimization of the
assay through modification of the glyceraldehyde-3-phosphate dehydrogenase GapA and tuning

of cofactor NADPH concentrations.

1.6.2 Screening of OYEs for Activity on Bioplastic Precursors

To demonstrate the applicability of the aforementioned fluorescence-based activity assay,
a group of nine diverse OYEs were selected to probe for activity on the four bioplastic precursors
shown in section 1.3.2. The nine OYE candidates span the three classes of OYEs and have a wide
diversity of sequence similarity (Table S1), structure, substrate range, and host organisms (Table
2). Each OYE was purified and verified as functional within the fluorescence-based activity assay.
Once verified, the OYEs were screened against the bioplastic precursors and hits were confirmed

by secondary screening and LC-MS.
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Table 2: OYE Candidates for Screening

Old Yellow Enzyme Source Organism Class
nemA E. coli I
OPR1 Solanum lycopersicum I
PETNR Enterobacter cloacae I
OYE1 S. pastorianus II
OYE2 S. cerevisiae II
OYE3 S. cerevisiae II
YqjM Bacillus subtilis I
RmER Cupriavidus metallidurans 11
DrER Deinococcus radiodurans I
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Chapter 2 - Methodology

2.1 - General Protein Expression and Purification

General protein expression and purification began with the inoculation of a 10 mL pre-
culture of Terrific Broth (TB), containing the appropriate antibiotic, with a single colony of a
BL21(DE3) E. coli strain containing a plasmid encoding the protein of interest. This culture was
incubated overnight at 37 °C with shaking.

The next day 8 mL of pre-culture was used to inoculate two 2L Erlenmeyer flasks, each
with 396 mL of TB containing the appropriate antibiotic (1% inoculum). Culture was incubated at
37 °C with shaking until an OD of 0.6-0.8 was reached at which time IPTG was added to a final
concentration of 0.5 mM. After IPTG addition, cultures were incubated overnight at 18 °C with
shaking.

The next day cultures were centrifuged (10 000 x g, 15 minutes, 4 °C) and the supernatant
was decanted off. Cells were suspended in 10 mL of wash buffer (50 mM Tris, 500 mM NaCl, 10
mM imidazole, pH 7.5) and lysozyme, DNase I, RNAse A were added each to a final concentration
of 5 pg/mL. One Roche protease inhibitor tablet was dissolved in distilled water and added to the
cell suspension. Cells were lysed by sonication on ice (25% amplitude, pulse on for 5 seconds,
pulse off for 15 seconds, total pulse time 3 minutes) and lysed cells were pelleted by centrifugation
(15 000 x g, 30 minutes, 4 °C). Supernatant was recovered and filtered through a 0.22 pum filter.

Supernatant was loaded onto a 1 mL Ni-NTA resin, pre-equilibrated with 10-20 column
volumes (CVs) of wash buffer. Once supernatant was loaded onto the Ni-NTA resin, column was
washed with 10 CVs of wash buffer. Protein was then eluted with a linear increasing gradient of
elution buffer (50 mM Tris, 500 mM NaCl, 300 mM imidazole, pH 7.5) over 30 1 mL fractions.
Samples containing protein of interest were kept at 4 °C overnight.

The next day, fractions containing the protein of interest were pooled and concentrated
using a Vivaspin 6 or 20 with appropriate molecular weight cutoff (50% of protein’s size).
Concentrated protein solution was then desalted using an Econo-Pac 10DG desalting column pre-
equilibrated with storage buffer (50 mM Tris, 150 mM NaCl, pH 7.5) according to the

manufacturer’s minimum dilution protocol.

2.2 - Purification of YqjM
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The general purification protocol described above rendered YqjM non-functional. The
altered purification of YqjM aligned with the general expression protocol up to the resuspension
of the cell pellet in Wash Buffer. Alternative Wash (20 mM potassium phosphate, 30 mM
Imidazole, pH 6.53), Elution (Elution Buffer: 20 mM potassium phosphate, 250 mM Imidazole,
pH 6.53), and Storage (Storage Buffer: 20 mM potassium phosphate, pH 6.53) buffers were used
and 5 mM FMN was added to the filtered cell lysate containing YqjM before loading onto the Ni-
NTA column. The filtered lysate was then incubated on ice for 50 minutes. In addition, 20 CVs of

column washes were performed before elution as opposed to 10.

2.3 - Amplification of OYE2 from S. cerevisiae Genomic DNA

The gene encoding Old Yellow Enzyme 2 (OYE2) was PCR-amplified from S. cerevisiae
genomic DNA (gDNA) for later protein expression and purification. S. cerevisiae gDNA extracted
from overnight culture of CenPK S. cerevisiae using MasterPure Yeast DNA Purification Kit
according to manufacturer instructions. Forward (5°-
TGCCGCGCGGCAGCCATATGCCATTTGTTAAGGACTTTAAGC-3") and reverse (5°-
CGGAGCTCGAATTCGGATCCTTAATTTTTGTCCCAACCGAGTTTT-3’) were designed to
flank the coding sequence of OYE2. OYE2 was amplified from the gDNA using Phusion
polymerase. PCR amplification product was electrophoresed on 0.6% agarose gel to confirm
appropriate amplification. Amplified OYE2 was then gel extracted using EZ-10 Spin Column
DNA Gel Extraction Kit (BioBasic).

2.4 - Amplification of OYE3 from S. cerevisiae Genomic DNA
The gene encoding Old Yellow Enzyme 3 (OYE3) was PCR-amplified from S. cerevisiae
genomic DNA for later protein expression and purification. S. cerevisiae gDNA extracted from
overnight culture of CenPK S. cerevisiae using MasterPure Yeast DNA Purification Kit according
to manufacturer instructions. Forward (5°-
TGCCGCGCGGCAGCCATATGCCATTTGTAAAAGGTTTTGAG-3") and reverse (5°-
CGGAGCTCGAATTCGGATCCTCAGTTCTTGTTCCAACCTAAAT-3") were designed to
flank the coding sequence of OYE3. OYE3 was amplified from the gDNA using Phusion
polymerase. PCR amplification product was ran on 0.6% agarose gel to confirm appropriate
amplification. Amplified OYE3 was then gel extracted using EZ-10 Spin Column DNA Gel
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Extraction Kit (BioBasic).

2.5 - Cloning of OYE2 or OYE3 into pET28a(+)

OYE2 or OYE3 was cloned into a pET28a(+) backbone using the same modified “SLiCE”
method [142]. pET28a(+) was first linearized using BamHI and Ndel and purified using an EZ-10
Spin Column PCR Products Purification Kit (BioBasic). Once purified, linear pet28a(+) was
incubated in a 1:3 vector:insert molar ratio along with SLiCE extract and buffer at 37 °C for 15
minutes. Afterwards the SLiCE reaction mixture was transformed into either DH10b or
BL21(DE3) E. coli via heat shock transformation for genetic manipulation or protein expression,

respectively.

2.6 - Fluorescence-Based Activity Assay

The fluorescence-based, NAD(P)H-dependent enzymatic assay was used to assess OYE
activity on substrates by measuring the increase in fluorescence of 4-methylumbelliferone (4-MU).
Each assay was performed in 50 pL volumes composed of a final concentration of 1x PBS (pH
7.2), 1 mM MgClo, 1 mM 4-MUGlIc, | mM glyceraldehyde-3-phosphate (G3P), 0.1 mM adenosine
diphosphate (ADP) and 0.02 mg/mL each of GapA, PgK, BgIK, and BgIA-2. Depending on
conditions, each assay also contained (+)/(-) 1-2 mM NADPH, (+)/(-) 1 mM substrate (either 2-
cyclohexenone, anhydromevalonolactone, S-(+)-carvone, cis, cis-muconic Acid, or 4-
aminocinnamic acid in equimolar NaOH), and 0.1 mg/mL of the OYE of interest. Each assay was

incubated at 37 °C for up to 16 hours, with ongoing fluorescence measurements at 445 nm.

2.7 - Optimization of NADPH Concentration for Fluorescence-Based Activity Assay

Due to the substantial fluorescence observed in reactions containing Class III OYEs but no
substrate, optimization of NADPH concentrations was done to ablate off-target fluorescence.
Reactions contained 1X PBS (pH 7.2), 1 mM MgCl,, 1 mM 4-MU-Glc, 0.1 mM ADP, 0.02 mg/mL
each of 0.02 mg/mL each of GapA G188T P189K, PgK, BgIK, and BglA-2, 0.1 mg/mL RmER, 1
mM 2-cycohexenone. To these, varying concentrations of NADPH were added. Reactions were

incubated at 37 °C for 5 hours with fluorescence measured at 445 nm every minute.

2.8 - Verification of Optimized Conditions in Fluorescence-Based Activity Assay with All
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OYE Candidates

Optimized assay conditions were tested with all 9 OYE candidates. Each reaction contained
1X PBS (pH 7.2), | mM MgCl;, 1 mM 4-MU-Glc, 0.1 mM ADP, 0.02 mg/mL each of GapA
G188T P189K, PgK, BglK, and BglA-2, (+)/(-) 2 mM NADPH, (+)/(-) 1 mM 2-cyclohexenone,
and 0.1 mg/mL OYE of interest. Reactions were incubated at 37°C for 2 hours and fluorescence

was measured at 445 nm every 2 minutes.

2.9 - Site-Directed Mutagenesis of GapA

Mutations were introduced into gapA through PCR-mediated site-directed mutagenesis.
Two residues were altered: G188T and P189K. Forward (5°-
CAGAAAACCGTTGATACCAAGTCTCACAAAGACTGG-3%) and reverse (5-
CCAGTCTTTGTGAGACTTGGTATCAACGGTTTTCTG-3’) primers were designed to amplify
the mutant GapA (GapA G188T P189K) from an existing pET28a(+)-GapA construct through
PCR.  Mutagenic  primers were used in  conjunction with  sense  (5°-
GCTGGACGCGGATGAACAGGCAGACATCTG-3’) and antisense (5°-
CAGATGTCTGCCTGTTCATCCGCGTCCAGC-3’) primers to the ROP protein existing in the
pET28a(+) backbone. Mutant forward primer was used with the ROP sense primer and the mutant
reverse primer was used with the ROP antisense primer. Once both reactions were amplified, PCR
products were purified using an EZ-10 Spin Column PCR Products Purification Kit (BioBasic).
SLiCE reaction was then performed to ligate the two construct fragments together and the mutant

GapA construct was transformed into DH10b and BL21(DE3) E. coli.

2.10 - Comparison of Affinity of Wild-type GapA for NAD* vs NADP*

The ability of wild-type GapA to utilize NADP" as opposed to its native NAD" was
assessed. Each assay consisted of 1X PBS (pH 7.2), 1 mM MgCl,, | mM 4MU-Glc, and 0.02
mg/mL each of wild-type GapA, PgK, BgIK, and BglA-2. Depending on conditions, individual
assays contained (+)/(-) 1 mM G3P, (+)/(-) 0.1 mM ADP, and (+)/(-) ImM NAD'/NADP".
Reactions incubated at 37C for 10 minutes and fluorescence was measured via plate reader at 445

nm.

2.11 - Comparison of Wild-type and Mutant GapA
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Affinity towards NAD" and NADP" was compared between the native and variant GapA.
Each assay consisted of 1X PBS (pH 7.2), 1 mM MgCl,, 1 mM 4MU-Glc, and 0.02 mg/mL each
of GapA (mutant or wildtype), PgK, BgIK, and BgIA-2. Depending on conditions, individual
assays contained (+)/(-) 1 mM G3P, (+)/(-) 0.1 mM ADP, and (+)/(-) ImM NAD'/NADP".
Reactions were incubated at 37C for 10 minutes and fluorescence was measured via plate reader

at 445 nm.

2.12 - Enzyme Kinetics of OPR1 by Absorbance

Steady state kinetics of OPR1 on S-(+)-Carvone were established by measuring the rate
of NADPH oxidation at 340 nm. Assays were performed in 50 puL volumes in a 96 well plate
with 1 mM NADPH, varying concentrations of S-(+)-Carvone, and 1.25 pg purified OPR1.
Assays were performed in Storage Buffer at 30 °C. Assays were performed under aerobic

conditions and NADPH oxidation by molecular oxygen was accounted for.

2.13 - Enzyme Kinetics of OPR1 by Fluorescence

Steady state kinetics of OPR1 on S-(+)-carvone were attempted to be established by
measuring the rate of 4-methylumbelliferone release through the fluorescence-based activity assay
at an emission at 445 nm. Assays were performed in 50 uLL volumes with 1X PBS (ph 7.2), | mM
MgCl, 1 mM 4MU-Glc, 0.1 mM ADP, 0.02 mg/mL each of GapA, PgK, BgIK, and BglA-2, 2
mM NADPH, 20 ng (0.004 mg/mL) purified OPR1, and (+)/(-) varying concentrations of S-(+)-
carvone. Assays were performed in Storage Buffer at 30 °C under aerobic conditions. Calculations

accounted for fluorescence generated without substrate.

2.14 - Quantification of FMN Content of Protein Purifications

To investigate the cause of the off-target fluorescence, the FMN content of select protein
purifications was assessed. The method is modified from Faeder and Siegel [143]. OYE
purifications were boiled for 3 minutes and cooled rapidly to separate the FMN from the protein.
Once cooled, samples were centrifuged at 20 000 x g for 10 minutes and supernatant was collected.
Supernatant was then measured in 1 cm path length cuvette via absorbance at 450 nm and FMN

concentration was calculated using the established extinction coefficient of 12 200 M cm™.
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Chapter 3 - Results and Discussion

3.1 - A Fluorescence-Based Coupled Enzyme Cascade to Assay NAD(P)H-Dependent

Oxidoreductase-Catalyzed Reactions
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Figure 3. Outline of the Fluorescence-Based Activity Assay. Oxidation of NADH to NAD" leads to the release of 4-methylumbelliferone

correlating redox enzyme activity with fluorescence increase.

The ability to screen oxidoreductase activity is important in identifying useful biocatalysts
from nature, and also towards engineering novel ones through directed evolution. Many valuable
redox enzymes are dependent upon NAD(P)H as an electron donating co-substrate (or conversely,
upon NAD(P)" as an electron acceptor), and the common method to detect their activity is to

monitor the change in absorbance at 340 nm as NAD(P)H is converted to NAD(P)" (or vice versa).
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In our research group, we have developed a fluorescence-based, enzyme cascade-coupled system
to detect oxidoreductase activity with orders of magnitude more sensitivity than conventional
absorbance-based assays (Figure 3). While recycling NAD(P)H from NAD(P)", the coupled
enzyme cascade triggers cleavage of a labeled glycoside, releasing a strong fluorescent signal (via
the fluorophore 4-methylumbelliferone). This allows detection of very low levels of a specific

oxidoreductase activity that we may wish to magnify by directed evolution.

Using our screening strategy, NAD(P)H-dependent reductase activity catalyzed by OYEs
can be detected through an enzymatic cascade that uses the by-product NAD(P)" along with
glyceraldehyde-3-phosphate and inorganic phosphate in glyceraldehyde-3-phosphate
dehydrogenase (GapA)- and phosphoglycerate kinase (PGK)-catalyzed reactions to generate ATP
that can be used by a B-glucoside kinase (BglK) to phosphorylate a fluorogenically labeled
glucoside, enabling its cleavage by a 6-phospho-B-glucosidase (BglA-2), releasing fluorescence.
Initial experiments performed to test this enzymatic cascade showed indeed that fluorescence
depended upon NAD" added to the reaction, along with the presence of the coupling enzymes,

GapA, PGK, BglK, and BglA-2, and their substrates (Figure 4).
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Figure 4: Activity of Fluorescence-Based Activity Assay with Free NAD™. Fluorescence-based activity assay was
assessed for function without a coupled redox enzyme. Reaction was incubated at room temperature for 5 minutes
before visualising fluorescence by illumination under long-wave UV light (Panel A) and quantifying fluorescence at 445

nm (Panel B).

As shown in Figure 4, there is a concerted fluorescence increase both qualitatively and
quantitatively when all reaction conditions are present (NAD", G3P, ADP, and supporting
enzymes GapA, PGK, BglK, and BglA-2), indicating that the fluorescence-based activity assay

proceeds as expected without being coupled to a redox enzyme.

3.2 - Verification of Fluorescence-Based Activity Assay

Before moving to use this coupled enzyme cascade to assay our Old Yellow Enzymes, we
next verified that it could be used to detect oxidoreductase activity using a commercially sourced,
well-characterized redox enzyme, malate dehydrogenase (from pig heart). Malate dehydrogenase
was coupled to the enzymatic cascade together with the addition of its substrate (oxaloacetate) and

its NADH cofactor.

As seen in Figure 5, fluorescence increase corresponding to the release of 4-
methylumbelliferone only occurs in the reaction with all necessary components (including the

redox enzyme malate dehydrogenase, its substrate oxaloacetate, and the cofactor NADH). The
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fluorescence increase over 60 minutes verifies the functionality of our fluorescence-based activity

assay (Fig. 5).
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Figure 5. Activity of Malate Dehydrogenase on Oxaloacetate via Fluorescence-Based Activity Assay. Fluorescence measured at 445

nm over 60 minutes to verify the function of the Fluorescence-Based Activity Assay.

3.3 - Optimization of Fluorescence-Based Activity Assay: Mutation of GapA

While our initial tests demonstrate that we can detect the NADH-dependent oxidoreductase
activity with malate dehydrogenase, many important redox enzymes prefer NADPH as a cofactor
over NADH. This is true of many OYEs, including the nine candidate enzymes we chose to study.
This posed a challenge because the glyceraldehyde-3-phosphate dehydrogenase from E. coli
(GapA) that is employed in our coupled enzyme cascade has a strong preference for NAD™ over
NADP*. In order to better adapt the fluorescence-based activity assay to the OYE candidates, the
ability of the native glyceraldehyde-3-phosphate dehydrogenase GapA to utilize NADP" was
assessed. This investigation was done to determine the feasibility of adapting the existing coupled
enzyme cascade to accommodate the preference of NADPH-dependent OYEs in assaying their
activity. A test of the coupled enzyme cascade was started with the addition of either NAD" or
NADP" to a reaction containing GapA, PGK, BglK, and BglA-2 along with the necessary
substrates for these coupling enzymes. This reaction was allowed to continue for 10 minutes before
fluorescence was measured at 445 nm. As shown in Figure 6A, there is a significant fluorescence
increase in the reaction containing NAD", which is expected. However, there is also a significant

increase in fluorescence in the reaction containing NADP™ (although this was of a lower magnitude
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compared to the reaction containing NAD") indicating that GapA does have activity with NADP*

as cofactor, albeit to a much smaller degree than it does when NAD" is the cofactor.
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Figure 6. Mutation of GapA for Fluorescence-Based Activity Assay. A) Ability of native GapA to use NADP*. Reaction allowed to continue
for 10 minutes at room temperature before measuring fluorescence at 445 nm. B) Comparison of activity of variant GapA and native GapA

with NADP*. Reaction allowed to continue for 10 minutes at room temperature before measuring fluorescence at 445 nm.

With this cross-reactivity to NADP" established, we sought to increase GapA’s ability to
utilize NADP" in order to eliminate this potential constraint on the fluorescence-based activity
assay. Slivinskaya et al. [147] demonstrated a GapA double mutant (GapA G188T P189K) that
showed a significantly higher activity on NADP" compared to native enzyme. This variant was
generated and its activity on NADP" within the fluorescence-based coupled enzyme cascade was
assessed. Reactions were allowed to continue for 10 minutes before fluorescence was measured at
445 nm. Figure 6B shows the stark effect of this double substitution on the fluorescence observed
when NADP" is used as the cofactor within the fluorescence-based activity assay. While activity
on NAD" remains similar, the ability of GapA G188T P189K to utilize NADP™ is significantly
increased leading to higher amounts of fluorescence as compared to the native enzyme with the
same concentrations of NADP™ present in solution. This change diminishes a potential bottleneck
for the assay by reducing the amount of fluorescence that is gated by the activity of GapA which
is necessary to optimize the assay to be completely or nearly-completely dependent on the activity

of the chosen OYE or another redox enzyme.

3.4 - Expression and Purification of Old Yellow Enzyme Candidates
The nine OYE candidates were each cloned into pET28a(+) vectors. Seven were
commercially ordered through Twist Biosciences and were codon optimized for expression in E.
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coli. The genes encoding OYE2 and OYE3 were amplified from S. cerevisiae genomic DNA and
the subsequent amplified genes were used for SLiCE [141] cloning into pET28a(+). Each
pET28a+OYE constructs were separately transformed into BL21 (DE3) E. coli and subsequently
expressed and purified using the same general protein purification method where possible. Under
these conditions we observed expression of each of the enzymes (as shown in Figure 7) but for
YqjM, we were unable to recover fully active enzyme. YqjM is a Class III OYE that has
established literature demonstrating robust activity on 2-cyclohexenone [144] and so optimization
of YqjM expression and purification was done. Two optimization avenues were pursued: buffer
optimization and FMN saturation. For the former, phosphate buffer was used as the base for the
wash, elution, and storage buffers instead of the general Tris-HCI buffers. This change was done
to more closely mimic the original paper characterizing YqjM [71]. Beyond pH, which can be
essential for the function of a protein, buffer composition can also play a role in modulating protein
function in vitro. Protein-protein interactions, for example, may be strongly influenced by buffer
[145] and this can be especially important for the catalytic activity of dimeric enzymes like YqjM.
Secondly, following filtration of the cell lysate, the filtered lysate was incubated at 4 °C for 50
minutes with 5 mM FMN. This incubation is often performed when characterizing OYEs [71]
[146] and was done in this work to fully saturate every YqjM protein with the FMN cofactor that
is crucial for the mechanism of OYEs. Through the combination of these two optimization steps,
function was restored to YqjM as demonstrated by results of the coupled cascade assay of OYEs

(as further described in the next section, 3.5) shown in Supplementary Figure A2.
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Figure 7. Purification of OYEs and Optimization of YqjM Expression. A)
Coomassie Blue-stained SDS-PAGE gel showing the 9 His-tagged OYE candidates after

protein purification.

3.5 - Verification of Old Yellow Enzyme Function in Fluorescence-Based Activity Assay
Once purified, the 9 OYE candidates were investigated for functionality. For this purpose,
2-cyclohexenone was used as a substrate since it is commonly used in characterization studies of
OYEs and activity on 2-cyclohexenone is widely conserved throughout the different OYE classes
[68] [78] [125]. Each OYE was tested for NADPH-dependent reductase activity in the
fluorescence-based assay coupled to the enzymatic cascade as illustrated in Figure 3. The assay
was performed with 2-cyclohexenone either present or absent. Reactions were incubated at 37 °C
for up to 16 hours, with fluorescence readings at 445 nm. We tested OYEs employing either native
GapA or the engineered G188T P189K variant (described in 3.3) in the coupled enzyme cascade,
and we found that although use of the wild-type GapA permits the detection of OYE activity on
2-cyclohexenone by increased fluorescence relative to controls without 2-cyclohexenone
(Supplementary Figure A1), the change in signal is much more pronounced when GapA G188T
P189K is used in the cascade. This was demonstrated by comparing the enzyme cascade-coupled

assay of the PETNR enzyme with either GapA variant as illustrated in Figure 8.
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Figure 8. Comparison of PETNR activity within fluorescence-based activity assay using native (panel A) or GapA G188T P189K (panel

B). Assay was performed at 37 °C for 16 hours, measuring fluorescence at 445 nm every 30 minutes.

In testing the enzyme cascade-coupled assay optimized for NADPH-dependent reductases
(including the mutant GapA G188T P189K), we observed significant off-target fluorescence for
Class III OYEs in control experiments that excluded the OYE substrate (2-cyclohexenone), which
we hypothesized is due to NADPH oxidation that is independent of such a substrate (e.g., oxidation
by molecular oxygen). After optimizing assay conditions (namely NADPH concentrations) to
minimize the ratio of signal from negative to positive controls (Appendix A.1 and supplementary
Figure A3), we identified optimized conditions using 2 mM NADPH in the enzyme cascade-

coupled assay.

Optimized assay conditions containing GapA G188T P189K and 2 mM NADPH were
tested with all nine OYE candidates. Activity of each OYE candidate on 2-cyclohexenone was
assessed with optimized conditions to reverify the functions of the OYE candidates in the
optimized conditions. Figure 9 shows the effect of the optimized conditions on Class I, 11, and III
OYEs. While nemA and PETNR are not significantly affected by the optimized conditions, the
difference between positive and negative controls is greatly enhanced in the OPR1 conditions. The
Class II OYEs are similarly unhindered by the optimized conditions. In the Class III OYEs, both
YqjM and DrER’s off-target fluorescence shown in Figure A1 are dampened by the new optimized
conditions, however RmER continues to have high levels of off-target fluorescence. Further
optimization through altered purification methods or further adjustment of reaction conditions may

be necessary to fully ablate the off-target fluorescence found within the Class IIT OYEs.
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Figure 9. Verification of OYE Function within Fluorescence-Based Activity Assay with Optimized Conditions. A)
Verification of Class I OYEs function. In descending order: nemA, OPR1, and PETNR. B) Verification of Class Il OYEs function.
In descending order: OYEL, OYE2, and OYE3. C) Verification of Class III OYEs function. In descending order: YqjM, RmER,
and DrER. Fluorescence measured at 445 nm every 5 minutes for 2 hours.

Prior to carrying out high-throughput screening assays with a variety of OYE and substrate
combinations, we further characterized the assay to test its sensitivity and calculate Z’ (also Z-
factor; not to be confused with Z-score). Sensitivity is one of the advantages of using an enzyme-
couple fluorescence-based assay, and the sensitivity of our assay was investigated through
different OYE2 concentrations. Z’ is a measure of the signal-noise ratio of a high-throughput
assay. By measuring the fluorescence of the positive control versus the negative control, Z’ will
estimate the consistency of the assay with a Z’ value of 1 being ideal [148]. OYE2 concentrations
varied from 0.1 mg/mL (the concentration used in subsequent screenings) to 0.0004 mg/mL.
Activity against 2-cyclohexenone via fluorescence at 445 nm was measured every minute for 180

to 240 minutes.
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Figure 10: Characterization of Sensitivity and Z’ Value of Fluorescence-Based Activity Assay. A) Differing concentrations of OYE2 were
assessed for activity on 2-cyclohexenone over 3 hours. B) Differing concentrations of OYE2 were assessed for activity on 2-cyclohexenone

over 4 hours. C) Z’ value for the assay with 0.1 mg/mL OYE2 was determined to be 0.82 at 180 mins.

In Figure 10A, concentrations from 0.1 mg/mL to 0.003 mg/mL are shown. By the end of
the three hours, the 0.003 mg/mL condition is significantly increased in fluorescence as compared
to the (-) substrate control (p =>0.0001). Figure 10B shows similar results down to 0.0016 mg/mL
(p = 0.0431), however concentrations of OYE2 lower than this do not show significant
fluorescence. This may be due to these concentrations being lower than the limit of detection
(LOD) for the assay or may be due to the assay being performed for only four hours. In the last 30
minutes of the assay, the rate of fluorescence generation in the 0.0008 mg/mL condition starts to
outcompete the (-) substrate control (25.79 RFU/min vs 23.53 RFU/min, respectively). As the
significant 0.0016 mg/mL condition also took about three hours to become significantly different
from the negative controls, it’s possible that the 0.0008 mg/mL condition will also eventually
outcompete the negative control. While further work is required to determine the true sensitivity
of the assay, we have demonstrated that enzyme concentrations down to the nM range are able to
be detected via this assay. As shown in Figure 10C, Z’ was assessed for this assay and was found
to be 0.82. This Z’ indicates a low amount of variability in the assay in the conditions tested and
demonstrates that this assay is potentially viable for high throughput applications as Z’ values

between 0.5 and 1 are generally considered good [149].
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3.6 - Screening of Activity of OYE Candidates Against Biopolymer Precursors

The activity of the nine OYE candidates on the four biopolymer precursors was assessed
using the fluorescence-based activity assay. Each set of reactions contained three controls: without
NADPH, without substrate, and with the positive control 2-cyclohexenone. The assays were
performed over 16 hours at 37 °C and fluorescence readings were taken every 3 minutes at 445
nm. Reactions were done in quadruplicate and a hit was considered positive if the endpoint
measurement was significant by an unpaired student’s T-test which has been used in high-
throughput assays to define hits in the past [150] [151]. The results from the screening are shown
in Figures 11, 12, and 13, separated by class. In Figure 11, the results from the screening of the
Class I OYEs are shown. The only hit identified for each enzyme within this class is S-(+)-carvone.
For each of these enzymes, this is unsurprising as nemA, OPR1, and PETNR are all reported to
have activity on S-(+)-carvone [152] [153]. However, this is the first time that these enzymes have
been directly compared and thus comparisons of their activities within the context of the
fluorescence-based activity assay can be drawn. Within this context, OPR1 has the most robust
activity on S-(+)-carvone, outcompeting PETNR and nemA in rate of reaction and amount of
fluorescence generated. OPR1’s activity on S-(+)-carvone also outcompetes the positive control
2-cyclohexenone. While kinetics on 2-cyclohexenone have not been demonstrated for OPR1 in
literature, OPR1 has been shown to have activity on a wide variety of electron-poor alkenes
including dicarboxylic acids, dimethyl esters [154], and ketones, including a molecule similar in
structure to 2-cyclohexenone: 2-methylcyclohexenone [155]. Despite this, an alternative positive
control may be necessary to include for OYE screenings going forward such as ketoisophorone,

another molecule subject to widely conserved activity across the OYE classes [155].
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Figure 11. Results of Screening Assay with Class I OYEs. A) Activity of nemA on biopolymer precursors. Assay was performed at 37 °C
for 16 hours with fluorescence measurements every 3 minutes at 445 nm. B) Activity of OPR1 on biopolymer precursors. Assay was performed
at 37 °C for 16 hours with fluorescence measurements every 3 minutes at 445 nm. C) Activity of PETNR on biopolymer precursors. Assay

was performed at 37 °C for 16 hours with fluorescence measurements every 3 minutes at 445 nm.

In comparison to the Class I OYEs in Figure 11, the Class II OYEs exhibit significantly
lower activity across the class on any of the biopolymer precursors as shown in Figure 12. Neither
OYE2 nor OYE3 show activity on any biopolymer precursors and OYEI only shows activity on
S-(+)-carvone that is statistically significantly higher than the (-) substrate control (p < 0.05).
OYE]1 is expected to have activity on S-(+)-carvone and has been used within the context of
generating biopolymers and is shown to convert S-(+)-carvone to dihydrocarvone [109] and has
been independently reported to reduce S-(+)-carvone as well as its enantiomer R-(-)-carvone [156].
However, the negative results from OYE2 and OYE3 are unexpected for multiple reasons. Firstly,
previous reports in literature have indicated that OYE3 is active both on S-(+)-carvone and its
enantiomer [157]. Therefore, we should expect an increase in fluorescence in the reaction
containing S-(+)-carvone and OYE3. There may be some activity that is obfuscated by off-target
fluorescence found in the (-) substrate control. This may also be the result of outliers found within
the screening as discarding the lowest fluorescence outlier for (+) carvone and the highest

fluorescence outlier for (-) substrate renders the difference between the two significant by an
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unpaired t-test (p = 0.0352), which would indicate a hit and therefore activity. This inconsistency
highlights a necessity to further optimize the fluorescence-based activity assay to decrease the

presence of outliers and the presence of off-target fluorescence.
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Figure 12. Results of Screening Assay with Class II OYEs. A) Activity of OYE1 against biopolymer precursors. Assay was performed at
37C for 16 hours with fluorescence measurements every 3 minutes at 445 nm. B) Activity of OYE2 against biopolymer precursors. Assay was
performed at 37C for 16 hours with fluorescence measurements every 3 minutes at 445 nm. C) Activity of OYE3 against biopolymer precursors.

Assay was performed at 37C for 16 hours with fluorescence measurements every 3 minutes at 445 nm.

Secondly, these results are unexpected as OYE2 does not show activity on AMVL. AMVL
was generously generated by the Hoye lab (University of Minnesota) and its presence in solution
was verified by direct injection mass spectrometry (Supplemental Figure Al). OYE2 has
previously been reported to reduce AMVL to (—)-f-methyl-d-valerolactone [105] and enzyme
kinetics have been established for this reaction by measuring the oxidation of NADPH at 340 nm
(Km = 90+£5 mM and keat = 0.04£0.02 s7'). As the Ky for this reported reaction is substantially
higher than the concentration of AMVL used in the screening (1 mM AMVL), it was thought that
the concentration of AMVL simply wasn’t high enough to have activity captured by the
fluorescence-based activity assay. To investigate this, the activity of OYE2 on AMVL was
measured through the oxidation of NADPH at 340 nm as was done originally in literature [105].
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However, as shown in Appendix A.2 and Supplementary Figure A4, this activity could not be

observed by traditional absorbance methods either.
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Figure 13. Results of Screening Assay with Class III OYEs. A) Activity of YqjM against biopolymer precursors. Assay was performed at
37C for 16 hours with fluorescence measurements every 3 minutes at 445 nm. B) Activity of DrER against biopolymer precursors. Assay was
performed at 37C for 16 hours with fluorescence measurements every 3 minutes at 445 nm. C) Activity of RmER against biopolymer

precursors. Assay was performed at 37C for 16 hours with fluorescence measurements every 3 minutes at 445 nm.

Finally, Figure 13 shows the results of the screening with the Class III OYEs. As with the
Class I OYEs, all three Class III OYEs show activity on S-(+)-carvone, as expected [153] [159].
Comparing between the three enzymes, the reaction containing YqjM has the fastest rate of
fluorescence generation when S-(+)-carvone is the given substrate with an increase of 187
RFU/min in the first 30 minutes of the reaction compared to DrER’s 36 RFU/min and RmER’s
156 RFU/min. However, at the end of the 16 hours, RmER’s activity on S-(+)-carvone generates
significantly higher fluorescence than YqjM or DrER (p = 0.0150 and p = 0.0001, respectively).
Beyond S-(+)-carvone, the Class III OYEs follow a similar pattern to the first two classes and do
not have any significant activity on the other biopolymer precursors. In contrast to the other two
classes, however, the off-target fluorescence found in the (-) substrate controls is much higher and
follows an initial trajectory akin to an OYE reducing a substrate in the RmER and DrER screens.

With this in mind, a replicate screening was done with RmER and DrER to investigate if there was
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some activity lost in the initial screen to this off-target fluorescence.

The results of this replicate screen can be found in Supplementary Figure AS5. As shown,
the results are similar to the initial screen. By the 16-hour criteria, only the fluorescence generated
by the S-(+)-carvone can be considered a hit as it is statistically significantly different to the (-)
substrate control for both RmER and DrER (p = 0.0025 and p = 0.0002, respectively). The other
biopolymer precursor reactions fail to be significant against their respective (-) substrate controls
at 16 hours. However, the earlier phase of both reactions may reveal a different story. At 80
minutes, both RmER and DrER have statistically significantly higher fluorescence on 4-ACA
compared to their (-) substrate controls (p = 0.0025, p = 0.0002). As stated above, 4-ACA is a
precursor to 4-aminohydrocinnamic acid (4-AHCA) which can be polymerized into polyamide
plastics [160]. In the original paper discussing the use of enoate reductases in the bioproduction of
this polyamide, an iron-sulfur enoate reductase was used. This iron-sulfur enoate reductase
(ca2ENR) shares functional similarity to the OYEs in this work however unlike OYEs, like other
clostridial enoate reductases, ca2ENR is oxygen-sensitive and thus needs to be handled in an
anaerobic or microanaerobic environment in vitro [161] [162] which may present difficulties in a
large-scale, industrial context. For the reduction of 4-ACA to 4-AHCA, Minakawa et al. [160]
investigated an OYE as well as ca2ENR: XenB. XenB belongs to the class I family of OYEs but
was not able to reduce 4-ACA in their conditions. In contrast, Supplementary Figure AS shows
two OYEs that may be able to reduce 4-ACA in RmER and DrER. With this in mind, we sought
to further investigate this potential reduction of 4-ACA by RmER and DrER by liquid
chromatography-mass spectrometry (LC-MS).

3.7 - Investigation into 4-ACA Reduction by RmER and DrER via LC-MS

To test whether RmER and DrER indeed catalyze the reduction of 4-ACA, LC-MS was
used. In their earlier work, Minakawa et al. [160] used HPLC to confirm the consumption of 4-
ACA and the production of 4-AHCA by ca2ENR. Reactions containing 5 mM 4-ACA, 2 mM
NADPH, and 5 pg of either RmER or DrER were incubated at 37 °C overnight before separation
on the LC-MS.
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Figure 14. Disconfirmation of 4-ACA reduction by RmER or DrER via LC-MS. A) Mass spectra following separation of SmM 4-
ACA standard. Peak at 162 m/z corresponds well to 4-ACA ([M — H]"). Sample analyzed in negative mode. B) Mass spectra following
overnight incubation of 5 mM 4-ACA with RmER. Sample separated and analyzed in negative mode. Peak at 162 m/z corresponds well to
4-ACA ([M - HJ). C) Mass spectra following overnight incubation of 5 mM 4-ACA with DrER. Sample separated and analyzed in
negative mode. Peak at 162 m/z corresponds well to 4-ACA ([M — HJ").

As shown in Figure 14A, 4-ACA alone can be detected at a m/z of 162.0566 while running
the MS in negative mode which corresponds well to the exact mass of 4-ACA (163.0633 Da)
stripped of a proton. As the addition of two hydrogens is expected by the mechanism of both
RmER and DrER, a successful reduction of 4-ACA is expected to garner a peak at 164.0717 m/z
corresponding to deprotonated 4-AHCA. However, as shown in Figure 14B and Figure 14C, this
peak is not seen in the overnight reaction of either RmER or DrER while the peak at 162.0566
corresponding to 4-ACA is present. This result does not support the potential activity found within
the replicate screening of RmER and DrER (Supplementary Figure AS), reinforcing the need for
optimization of the fluorescence-based activity assay to decrease the amount of off-target

fluorescence generated as this false hit was likely the result of this off-target fluorescence.
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3.8 - Investigation into Off-Target Fluorescence via FMN Quantification

While somewhat present in all OYE screenings, off-target fluorescence is most prominent
in the Class III OYEs. This result suggests that there is some intrinsic quality to the Class III
enzymes that render them more susceptible to this off-target fluorescence than the other classes.
These increased off-target effects also are present when measuring NADPH oxidation via
absorbance (data not shown) which suggests nonspecific NADPH oxidation is driving the off-
target fluorescence. The question remains as to why this nonspecific oxidation is occurring. One
explanation may have to do with the more accessible active site of Class III OYEs. Published
crystal structure of YqjM shows that the active site is more accessible to substrate binding
compared to other OYE classes [85]. Elucidated crystal structure of other class III OYEs such as
RmER [163] and TOYE [164] agree with this increased accessibility, suggesting that this is a
conserved characteristic amongst the class III OYEs. In solving the crystal structure of RmER,
Opperman notes that there seems to be transient dissociation of FMN away from the active site,
potentially linked to transient dimerization of the enzyme. Taken together, the more accessible
active site combined with the dissociation of FMN from RmER (and potentially all class IIl OYEs)
may be driving nonspecific NADPH oxidation at a faster rate than the other classes of OYEs. As
discussed above, molecular oxygen is known to accept electrons from reduced FMNH>, generating
H>0; and regenerating FMN. If there is an excess of non-bound FMN in solution with the class III
OYEs, the accessible active site may be allowing reduced FMNH> to escape to react with
molecular oxygen and the non-bound FMN may be “slotting” into the active site to be reduced by
NADPH. With this mechanism, the class IIl OYEs would generate more NADP™ at a faster rate
than the other classes with their less accessible active sites and would explain why off-target

fluorescence is much more pronounced in class III than in the others.

To investigate if there is excess FMN driving this nonspecific NADPH oxidation FMN
concentration was investigated for select OYE purifications. FMN content was assessed to
determine the saturation level of each OYE. Since each OYE active site binds one FMN, ideally
the concentration of FMN and OYE would be the same if the enzymes were fully saturated with
the necessary molecule for the catalytic cycle. As discussed above, the off-target fluorescence seen
in Class III OYEs may be due to an excess of FMN in the protein purifications. With this in mind,
Table 3 shows the results of the quantification of FMN in select OYE purifications. Absorbance
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at 450 nm caused by protein interference was subtracted from each condition by repeating the

experiment with GapA (which does not contain FMN) as a control.

Table 3: Quantification of FMN Content in OYE Protein Purifications

Enzyme Enzyme Concentration FMN Content
nemA 9.44 uM 0.568 = 0.098 uM
PETNR 6.89 uM 1.53 £0.094 uM
OYE1 13.33 uM 1.51 £0.089 uM
OYE3 10.81 uM 2.18+0.035 uM
RmER 5.28 uM 2.39£0.074 uM
YqgM 6.70 uM 545+0.126 uyM

As shown in Table 3, the content of FMN is not equimolar in any OYE protein purification,
indicating that none of the protein purifications are fully saturated with the FMN responsible for
the catalytic cycle. This result demonstrates that the OYEs utilized in this project are not likely at
their highest activity. If correct, some purifications have almost 20x less FMN (nemA) present for
utilization by the enzyme. This lack of saturation may explain the lack of activity in some OYEs
through the screening. Moreover, there does not appear to be an excess of FMN in any of the
selected purifications, including the class IIl OYEs. This indicates that it is not an excess of FMN
driving the nonspecific oxidation of NADPH. However, RmER and YqjM are more saturated than
the other OYEs shown in Table 3, with RmER having 45% saturation and YqjM having 81%
saturation. This increased amount of FMN may still be driving the off-target NADPH oxidation as

discussed above.

3.9 - Michaelis Menten Kinetics of OPR1 via NADPH Absorbance

To add an additional facet of usefulness to the fluorescence-based enzyme cascade, we
assessed if it could be used for enzyme kinetic characterization. OPR1 activity on S-(+)-carvone
was chosen as the model reaction for this investigation due to its low off-target fluorescence. As
the OYE that generated the highest fluorescence when paired with S-(+)-carvone while generating
the least amount of off-target fluorescence in its negative controls, OPR1 was chosen for further

characterization. While it is known that OPR1 will convert S-(+)-carvone to dihydrocarvone [153],
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enzyme kinetics for this reaction have not been elucidated. To supplement knowledge on OPR1’s
activity on S-(+)-carvone, enzyme kinetics were established for this reaction using the traditional

NADPH absorbance method.
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Figure 15. Michaelis-Menten Kinetics of OPR1 Against S-(+)-carvone via NADPH Oxidation. Investigation of Michaelis-

Menten kinetics of OPR1 Against S-(+)-carvone via absorbance. Reaction measured at 340 nm every minute for 60 minutes.

Figure 15 shows thirteen concentrations of S-(+)-carvone that were investigated and we
observed the above Michaelis-Menten curve for OPR1. The Km for S-(+)-carvone was identified
to be 0.29 mM and the turnover number (kcat) was found to be 10.8 s”!. These values are in line
with other OYEs and ene-reductases found in literature including the OYE CIER from Clavispora
lusitaniae (Kv = 1.6 mM £ 0.1 , keae = 3.6 s £ 0.1) [165], the OYEs PgOPR1 (Km = 0.1181 mM,
keat = 0.094 s71) PgOPR3 (Km = 0.1495 mM, keat = 0.065 s°') from Pelargonium graveolens [166]
and the Fso-dependent ene-reductases from Mycobacterium smegmatis MSMEG 2027 (Km =
3.099 mM £ 0.9164, ket = 0.120 s £ 0.0114) and MSMEG_ 2850 (Kv = 0.545 mM = 0.1841, kcat
= 0.037 + 0.0028 s!) [167]. One aspect that must be kept in mind is the low solubility of S-(+)-

carvone in water that may impact the kinetic values presented here. While the data presented are
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consistent with literature examples, other groups opted not to perform kinetic evaluations on OYEs
that reduce either or both carvone enantiomers due to this poor solubility and its potential impact

on the “true” activity of any given enzyme on carvone [125].

3.10 - Michaelis-Menten Kinetics of OPR1 via 4-Methylumbelliferone Fluorescence

Once the kinetics of OPR1 on S-(+)-carvone were established via the traditional NADPH
absorbance method, I sought to examine whether similar kinetics could be established for the
same reduction of S-(+)-carvone using the increase of 4-methylumbelliferone fluorescence
through our fluorescence-based activity assay as an analogue to dihydrocarvone formation. This
was investigated to assess if the fluorescence-based activity assay could be used to establish
kinetics for redox enzymes going forward, replacing the traditional method, and adding an
additional facet of usefulness to the fluorescence-based activity assay. To do this, first it was
needed to establish the concentration of OPR1 at which the generation of 4-methylumbelliferone
was rate-limited by OPR1’s activity and not any of the supporting enzymes in the assay’s
cascade. This is necessary to establish whether or not the kinetics established through the
ensuing fluorescence was OPR1’s kinetics alone and not obfuscated by the activity of any of the
supporting enzymes. To find the amount of OPR1 necessary to make it the rate-limiting step in
the fluorescence-based activity assay, the rate of fluorescence generation must be plotted against
OPRI concentration. The range at which OPR1 is the rate-limiting enzyme will present as a
linear segment of the aforementioned curve. Past this linear range, the rate of reaction is no
longer dependent on OPR1 and will present as a plateau as the rate of fluorescence generation no
longer increases linearly with the concentration of OPR1 in the assay. With this in mind, Figure
16A shows the linear range to be between 11 nM and 188 nM OPR and 94.31 nM (0.004 pg/uL)

OPRI1 was used to determine the Michaelis-Menten kinetics by fluorescence.
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Figure 16. Investigation of Michaelis-Menten Kinetics of OPR1 vs S-(+)-carvone via Fluorescence-Based Activity Assay. A)
Identification of linear range of OPRI1 activity within the fluorescence-based activity assay which corresponds to OPR1 being the rate-
limiting enzyme within the assay. Assay was performed for 3 hours, measuring fluorescence at 445 nm every minute. B) Michaelis-Menten
kinetics of OPR1 (0.004 mg/mL) vs S-(+)-carvone via fluorescence. C) Fluorescence generation by OPR1 reducing different
concentrations of S-(+)-carvone. Assay was performed over 5 hours with measurements taken every 10 minutes. D) Michaelis-Menten
kinetics of OPR1 (0.1 mg/mL) vs S-(+)-carvone via fluorescence when OPR1 is not the rate limiting enzyme within the fluorescence

cascade.

Figure 16B shows the Michaelis-Menten curve generated by utilizing OPRI1 in the
fluorescence-based activity assay. The Kwm determined from this assay was 1.74 mM which is
within the same order of magnitude with the previous Km of OPR1/S-carvone found via the
traditional NADPH oxidation assay. This indicates that the saturation of OPR1 with S-(+)-carvone
is not greatly affected by the conditions supported by the fluorescence-based activity assay.
However, the rate of enzyme activity does appear to be affected by these new conditions as kcat
was calculated to be 0.16 s™!, about 100-fold less catalytic turnover than what was found via the
absorbance assay. In order to perform Michaelis-Menten kinetics, some measurement of product
formation is required. For the previous absorbance-based kinetics, product formation was equated

with the oxidation of NADPH to NADP". For the fluorescence-based kinetics, this product
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formation is instead equated to the release of 4-methylumbelliferone which occurs at the end of
the enzymatic cascade. While I identified the linear range of OPR1 to account for the activity of
the supporting enzymes within the cascade, the release of 4-methylumbelliferone is still dependent
on four other enzymes with their own catalytic efficiencies and this may be impacting the speed at
which 4-methylumbelliferone is released. As shown in Figure 16C there is a significant lag time
before fluorescence begins to be read through 4-methylumbelliferone release. As Michaelis-
Menten kinetics are dependent on the initial velocity of the enzyme to be able to calculate the rate
of product formation, this lag may be interfering with this initial velocity calculation and thus the
curve generated in Figure 16B is not truly representative of OPR1’s action against S-(+)-carvone
and is instead being modulated by the rest of the enzymatic cascade. This lag is potentially due to
the allosteric nature of PgK. Figure 16D shows the Michaelis-Menten curve generated when OPR1
is not the rate-limiting enzyme within the fluorescence-based activity assay. In Figure 16B, OPR1
concentration is much lower than the supporting enzymes (0.004 mg/mL OPR1 vs 0.02 mg/mL
GapA, PGK, BglK, BglA-2 as in Chapter 2.13) while in Figure 16D, OPR1 concentration is higher
than the supporting enzymes (0.1 mg/mL) which leads OPR1 to not be the rate-limiting enzyme.
When OPRI is not rate-limiting, the Michaelis-Menten curve generated from the fluorescence-
based activity assay takes on an allosteric-like curve, as shown in 18D. Due to this, there may be
a “hold-up” that is happening at PgK as 1,3-biphosphoglycerate is being generated. When in the
presence of low S-(+)-carvone (and thus low amounts of 1,3-biphosphogylcerate is being
generated), there is a low rate of fluorescence generation. However, a switch occurs at higher
concentrations of substrate and the rate of fluorescence generation drastically increases. While no
longer the rate-limiting enzyme in Figure 16B, PgK may still be impacting the rate of fluorescence
generation by causing a “holdup” of 1,3-biphosphoglycerate that is only resolved at higher
concentrations. In this way, the initial velocity measured in Figure 16C is not linear according to
OPR1’s activity. Due to these reasons, the fluorescence-based activity assay is not appropriate for

enzyme characterization through Michaelis-Menten kinetics at this time.
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Chapter 4 — Conclusions and Future Perspectives

In this work we demonstrate the successful verification and partial optimization of a
novel enzyme-coupled fluorescence-based assay for the detection of redox enzyme activity. The
assay was successfully verified as functional with commercial enzyme malate dehydrogenase
and was verified as functional with in-house purified OYEs. The assay was characterized as
having a sensitivity to enzymes in the nM concentration range and a Z’ score of 0.82, indicating
an assay with a low degree of variability. Range finding of cofactor concentrations and mutation
of the supporting enzyme GapA was done to optimize the assay for use as a screening tool for
assessing nine OYE candidates’ activity on established biopolymer precursors. With the
fluorescence-based activity assay functional and optimized, this screening was done as a first
application of this novel assay. Using this assay, we successfully identified activity on S-(+)-
carvone with PETNR, OPR1, nemA, OYE1, RmER, DrER, and YqjM. While all of these
activities were known to literature, these hits demonstrate a successful use-case with the
screening assay, identifying activity on a target molecule that was not a positive control.
Additionally, while the screening initially revealed potentially positive hits with RmER and
DrER seeming active on 4-ACA, LC-MS confirmed that these hits were false positives and
highlighted the need for further optimization. To increase the versatility of the assay, we also
investigated if OYE kinetics could be characterized using the assay. Baseline kinetics for OPR1
against S-(+)-carvone were established and the same conditions’ kinetics derived from the use of
the fluorescence-based activity assay were established. Upon comparison, the Km values derived
from each technique were within the same order of magnitude but the kcar derived from the
fluorescence-based approach was almost 100-fold decreased compared to the baseline kca.. With
this in mind, the fluorescence-based activity assay should not be used for enzyme

characterization at this time.

Taken together, we have developed, characterized, and optimized a novel NADPH-
oxidation dependent fluorescence-based activity assay for use with redox enzymes. OYEs were
used in this work for screening applications but other industrially relevant redox enzymes could
be used with the assay for screening. Ketoreductases are some of the most widely used

biocatalysts in industry [168] and require a NAD(P)H cofactor for catalysis. Ketoreductase
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KREDI was demonstrated in a biocatalytic pathway towards ipatasertib, a potent kinase inhibitor
currently in clinical trials for prostate and breast cancer [169]. Zheng et al. engineered
ketoreductase CgKR1 towards the production of a wide variety of chiral alcohols which are
valuable intermediates in pharmaceutical synthesis [170]. The use of our fluorescence-based
activity could be valuable in further engineering of ketoreductases and other redox enzymes.
Furthermore, any enzyme activity that could be coupled to redox activity could also be used
within this assay. Ongoing work in the Kwan lab is focused on coupling decarboxylase activity
to the fluorescence-based assay through the use of carbonic anhydrase. As decarboxylases
produce CO3, carbonic anhydrase would utilize that CO» and oxidize NAD(P)H, coupling it to
the release of 4-methylumbelliferone. Showing activity by this expanding of the coupling

enzymes used could further deepen the robustness of the fluorescence-based activity assay.

In terms of the OYE screening, the nine candidates herein described are only a portion of
the existing OYEs. Further screening efforts could expand to include other OYEs, both
characterized and putative. Further work could also be done to investigate if the fluorescence-
based activity assay can be utilized in an anaerobic environment for the study of enoate
reductases. As stated in Chapter 1, enoate reductases are already known to have activity on
biopolymer precursors but due to their inherent oxygen sensitivity, engineering efforts remain
difficult. Assuming the fluorescence-based activity assay can be used in an anaerobic or
microaerobic environment, barriers towards the directed evolution of these enoate reductases
could be diminished. Not limited to biopolymer precursors, enoate reductases have also been
shown towards the biosynthesis of 3-phenylpropanol, a commonly used fragrance and flavouring
agent that i1s majorly derived from petrochemical sources [171]. Biosynthesis of this compound

would contribute to lessening dependence on petrochemical sources for fine chemicals.

The paradigm shift towards bioplastics is a vital and necessary step towards mitigating
dependence on fossil fuels. Bioplastic production through enzymatic catalysis remains an
attractive option to fuel this change. However, the hill to climb is great and engineering efforts on
enzyme, organism, and system level scales is going to be necessary to surmount the cost-
effectiveness and efficiency of current plastic manufacturing. With tools such as our novel
fluorescence-based activity assay, engineering goals towards more efficient and robust redox
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enzymes become more attainable and have the potential to make plastics more sustainable.
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Appendices

Appendix A: Supplemental Text

A.1 - Optimization of NADPH Concentration for Fluorescence-Based Activity Assay

Due to the substantial fluorescence found within samples containing Class III OYEs but
no substrate, optimization of NADPH concentrations was done to ablate off-target fluorescence.
As this off-target fluorescence is due to NADPH oxidation not dependent on an OYE reducing a
substrate, this off-target fluorescence represents a significant limitation to the fluorescence-based
activity assay. In ideal conditions, 1 molecule of NADPH being oxidized would correspond to 1
molecule of a substrate being reduced which would correspond to 1 molecule of 4-
methylumbelliferone being released and fluorescing. This off-target fluorescence then does not
conform to these ideal conditions. In addition, this off-target fluorescence may also be masking
low-activity hits by outcompeting the 4-methylumbelliferone release driven by the low rate of
conversion by some substrate by one of the Class III enzymes. To alleviate these concerns,
differing concentrations of NADPH were tested with RmER in the fluorescence-based activity
assay to determine the optimal NADPH level to decrease off-target fluorescence but remain

abundant enough for the assay to proceed as designed.

As shown in Supplementary Figure A3, NADPH levels from 0.25 to 4 mM were
examined. From the previous baseline of I mM NADPH, increasing NADPH levels widened the
difference between positive and negative controls. However, at higher levels of NADPH (3 mM
and 4 mM), wide variability between the positive and (-) substrate controls made the difference
between them not significant as in the 1 mM NADPH condition (p = 0.13 and 0.11, at the end of
5 hours respectively). Decreasing the amount of NADPH present below 1 mM NADPH did not
dampen the off-target fluorescence as compared to the 2-cyclohexenone control. From this
investigation it was determined that the reaction with 2 mM NADPH significantly dampened the
off-target fluorescence as opposed to the | mM NADPH condition while also not having large
amount of variability found in the higher concentrations of NADPH (p = 0.001 at the end of 5

hours). Therefore, 2 mM NADPH was used in subsequent assays.
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A.2 - Investigation into OYE2 Activity on AMVL

Recreating the experimental conditions from Zhang et al. [105], activity was present on
2-cyclohexenone represented by the decrease in absorbance of NADPH at 340 nm as it is
oxidized by OYE2, shown in Supplementary Figure A4. This was not the case with any
concentration of AMVL as the oxidation of NADPH by molecular oxygen ((-) substrate control)
had a higher decrease in absorbance at 340nm than any of the reactions containing AMVL. The
oxidation of NADPH by molecular oxygen is a known quantity when characterizing OYEs using
the traditional absorbance method. In the absence of a given substrate, the FMN harbored within
OYE:s are able to utilize molecular oxygen as an oxidant to produce the reduced FMNH; which
is able to oxidize NADH or NADPH into their respective oxidated states [158]. This catalytic
activity has to be taken into account both in the fluorescence-based activity assay and in the
traditional absorbance assay. As the lack of activity observed on AMVL by OYE?2 is not
confined to the context of the fluorescence-based activity assay and is also present in the
traditional absorbance assay, this lack of activity must stem from issues beyond the context of

the fluorescence-based activity assay.

Such issues could stem from the purification of OYE2 as our current purification is not
exact to what was done in Zhang et al. [105], for example DTT is present in their lysis buffer and
glycerol is present in the final storage buffer. Another source of issues could stem from potential
introduced contaminations in the AMVL solution prepared by the Hoye lab. With these potential
issues in mind, further investigation into OYE?2 is necessary to determine the cause of this

unexpected result.
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Appendix B: Supplemental Figures

1
1000

250000
2 200000
L)
8 150000
14
o
@ 100000
2
o
3 50000
i
Snn:
o T
0 500
Time (mins)
=)
w
z
@
Q
c
@
o
w
e
o
2
™
0-r T 1
0 500 1000
Time (mins)
5
w
[
@
Q
14
@
o
3
e
o
2 -
w

580
Time (mins)

1
1000

B)
100000
80000

60000~

40000-]
20000-] W
et il

T 1
0 500 1000
Time (mins)

200000
150000+

100000+

50000~ W
an
_—

T 1
0 500 1000
Time (mins)

150000+

100000

50000

.

-nn--nn-l“

0-—— T 1

0 500 1000
Time (minutes)

300000
—#- (-) Substrate
(-) NADPH
200000 (+) 2-Cyclohexenone
100000
L T Y
o 500 1000
Time (mins)
250000+
-~ (-) Substrate
200000 = (-)NADPH
(+) 2-Cyclohexenone
150000
100000
50000 .....mlnlnllllillnll
o
T 1
0 500 1000
Time (mins)
200000+
-&- (-) Substrate
150000 = (-) NADPH
(+) 2-Cyclohexenone
100000
50000+
aEunsssEISRERRSSEEeN
.'--III.-
T 1
0 500 1000

Time (mins)

Figure Al. Verification of OYE Function within Fluorescence-Based Activity Assay with Original Conditions
A) Verification of Class I OYEs function. In descending order: nemA, OPR1, and PETNR. B)Verification of Class Il OYEs function. In
descending order: OYE1, OYE2, and OYE3. C)Verification of Class III function. In descending order: OYEs YqjM, DrER, and RmER.
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Figure A2. Activity of Yqjm on 2-cyclohexenone After Purification Optimization. Fluorescence was measured at 445 nm

for 16 hours
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Figure A3. Optimization of NADPH Concentration to Ablate Off-Target Fluorescence. Differing NADPH concentrations were
assessed to investigate off-target fluorescence. NADPH concentrations from 0.25 mM to 4 mM were incubated with 0.1 mg/mL RmER, 1
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Figure AS5. Replicate Screen of DrER and RmER Against Biopolymer Precursors. A) Activity of DrER against
biopolymer precursors. Assay was performed at 37C for 16 hours with fluorescence measurements every 5 minutes at 445 nm.

B) Activity of RmER against biopolymer precursors. Assay was performed at 37C for 16 hours with fluorescence
measurements every 5 minutes at 445 nm.
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Figure A6. Direct Injection MS Spectra of Anhydromevalonolactone (AMVL). AMVL purity was assessed via direct injection MS in

positive mode. AMVL concentrations from 5 mM to SuM were investigated.
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Appendix C: Supplemental Tables

Table Al: Percent Sequence Identity of OYEs by ClustalW

YqiM DrER RmER OYE3 OYEl1l OYE2 OPR nemA PETNR

YgM 100 47.62 41.19 2199 23.19 2440 23.60 3037 31.90
DrER  47.62 100 4944 2465 25776 25.76 25.85 31.40 33.72
RmER 41.19 49.44 100 25.00 2527 2527 23.08 29.23 29.23
OYE3 2199 24.65 25.00 100 80.25 81.50 38.65 39.61 38.50
OYEl 23.19 2576 25.27 80.25 100 91.75 37.03 36.57 36.29
OYE2 2440 2576 2527 81.50 91.75 100 3730 36.84 36.84
OPR 23.60 25.85 23.08 38.65 37.03 3730 100 41.62 4246
nemA  30.37 3140 2923 39.61 3657 36.84 41.62 100 87.67
PETNR 31.90 33.72 29.23 3850 3629 36.84 4246 87.67 100
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